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ABSTRACT: The amount of grafted poly(acrylic acid) on poly(methyl
methacrylate) micro- and nanoparticles was quantified by conductometry, 13C
solid-state NMR, fluorophore labeling, a supramolecular assay based on high-affinity
binding of cucurbit[7]uril, and two colorimetric assays based on toluidine blue and
nickel complexation by pyrocatechol violet. The methods were thoroughly validated
and compared with respect to reproducibility, sensitivity, and ease of use. The results
demonstrate that only a small but constant fraction of the surface functional groups is
accessible to covalent surface derivatization independently of the total number of
surface functional groups, and different contributing factors are discussed that
determine the number of probe molecules which can be bound to the polymer
surface. The fluorophore labeling approach was modified to exclude artifacts due to fluorescence quenching, but absolute
quantum yield measurements still indicate a major uncertainty in routine fluorescence-based surface group quantifications, which
is directly relevant for biochemical assays and medical diagnostics. Comparison with results from protein labeling with
streptavidin suggests a porous network of poly(acrylic acid) chains on the particle surface, which allows diffusion of small
molecules (cutoff between 1.6 and 6.5 nm) into the network.

■ INTRODUCTION
Micro- and nanoparticles are of current interest for a range of
applications in materials sciences, life sciences, and medicine,
including, for example, DNA sequencing, fluorescence-based
assays, sensors, in vivo imaging, drug delivery, and optoelec-
tronic devices.1−16 The key to better understand and control
their materials properties and interactions with other molecules
lies in the precise knowledge of the number, chemical nature,
and spatial distribution of their surface functional groups.17,18

Up-to-date methods for quantifying the number of surface
functional groups include, for example, attenuated total
reflectance Fourier transform infrared spectroscopy (ATR-
FTIR), X-ray photoelectron spectroscopy (XPS), solid-state
NMR, or isothermal titration calorimetry.19−21 However, for
determination of acidic or basic surface functional groups,
potentiometry and conductometry are still among the most
widely used methods, because they are relatively straightfor-
ward to implement and do not require highly sophisticated and
specialized instrumentation.22−25 As an alternative, colorimetric
or fluorometric assays have been developed, which are faster
and more sensitive but may suffer from certain artifacts if not
properly validated.26−33

While these label-free methods report on the total number of
surface functional groups, it is also of high interest how many
application-relevant molecules such as peptides, proteins,
antibodies, or DNA can be principally conjugated to the

particle surface. This quantity can differ from the total number
of surface functional groups and has been referred to as the
number of accessible (or available) functional groups. To
determine the number of accessible functional groups, a specific
detection label, for example, a fluorescent probe, radiotracer, or
a heteroatom-containing XPS label, is covalently attached and
quantified.33−43

Owing to the vast number of different methods and
techniques available for quantification of surface functional
groups, a systematic comparison among different methods is
highly desirable to elucidate the advantages and disadvantages
of each method in terms of usability, application scope, and
operational reliability. Moreover, it is unclear whether and to
which extent the numbers of total and accessible functional
groups are interrelated and how the size of the detection label
influences the maximal achievable coupling yields. This would
afford a rough estimate of how much of a molecule can be
maximally coupled to the particle surface, which would
consequently allow saving precious material. A thorough and
reliable quantification of surface functional groups is also
directly relevant to avoid systematic errors in biochemical
assays and for standardization in medical diagnostics.
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Herein, we report a study, which includes conductometry,
solid-state NMR, two colorimetric assays, fluorophore labeling,
and an assay based on supramolecular host−guest interactions,
to determine the number of total and accessible functional
groups on poly(methyl methacrylate) (PMMA) particles
(mean diameter from 100 nm to 11 μm) with a covalently
linked layer of varying amounts (21−7000 μmol g−1, P01−P22,
see Table S-1 in Supporting Information) of grafted poly-
(acrylic acid) (PAA). The main criteria for method choice were
ease of use with common laboratory equipment or suitability
for validation of results obtained by the other methods reported
herein. Conductometry and adsorption/desorption-based
colorimetric toluidine blue (TB) assay are relatively well
established.25,30−32 The colorimetric assay based on complex
formation between Ni2+ and pyrocatechol violet (PV) and the
supramolecular assay based on host−guest complexation by
cucurbit[7]uril (CB7) were recently communicated by us,26,34

and the solid-state 13C NMR as well as a strongly modified
fluorophore labeling approach in conjunction with absolute
quantum yield measurements with a custom-made calibrated
integrating sphere setup44−46 are reported herein for the first
time. Topics addressed include shortcomings and limitations of
each method, which provides guidelines for chemists in
choosing a suitable method for surface group quantifications,
how our results relate to biologically and medicinally relevant
applications, and how the three-dimensional spatial arrange-
ment of surface functional groups may affect the outcome of
these experiments, a topic which is so far clearly underexplored.

■ RESULTS
Conductometry and Solid-State NMR. Conductometric

titrations for quantifying the total number of acidic and basic
surface functional groups are frequently used because of their
apparent simplicity. Therein, complete protonation or depro-
tonation of all surface functional groups is commonly
presumed,22,24 which may, however, occasionally require
drastically elongated equilibration times to allow diffusion of
titrant ions into the polymer network and avoid a systematic
underestimate.23,25 In our case, base-into-acid titrations in the
presence of 0.3 mM KBr as a neutral salt22 were performed to
determine the total number of COOH groups on the particle
surface, and a stable conductivity value was reached after 5−10
min. The results indicated PAA surface concentrations in the
range of 21−7000 μmol g−1 (see Table S-1, Supporting
Information, for details) and were determined with the
intention to serve as benchmark values in this report, when
compared with results from the other methods.
To really ensure that no systematic underestimate by

incomplete surface deprotonation occurs, we additionally
decided to validate the amount of surface COOH groups by
an independent method. A particular challenge of the presently
investigated particle system lies in the chemical similarity of the
PMMA particles and the grafted PAA layer, which leads to a
significant signal overlap in most conceivable spectroscopic
methods. We thus resorted to solid-state 13C NMR, in which
we expected a selective and quantitative signal enhancement
when PAA is grafted onto the PMMA particles.19 This signal
enhancement was readily detectable for polymer particles with
the highest PAA (P22, see Table S-1 and Figure S-2,
Supporting Information) and gave a surface COOH concen-
tration of 5600 ± 600 μmol/g, which is in reasonable
agreement with 7000 ± 800 μmol/g as determined by
conductometry and unambiguously eliminates the possibility

of incomplete surface group deprotonation. However, accurate
quantification by NMR becomes much more involved for less
than approximately 20% of signal enhancement, which
frequently hampers the use of NMR in quantifying trace
amounts in component mixtures.47 The challenge here is
discrimination between the small number of surface functional
groups and the bulk material of the particle in conjunction with
the strong chemical resemblance of both materials. For
example, a 100 nm particle covered with a monolayer of
surface carboxy groups (ca. 0.5 nmol/cm2)24 has a molar
surface-to-particle ratio of just about 2 mol %, which renders
conventional NMR determination futile. This discrepancy led
us to the idea to graft 13C-enriched acrylic acid (99% 13COOH)
onto a PMMA core with natural 13C abundance (1.1%
13COOH) and thereby obtain a selective signal enhancement
from the grafted COOH surface groups by 2 orders of
magnitude. In the present case, the ratio of carboxylic acid/
ester to methyl groups is 1:1 for unmodified PMMA particles,
and grafting of 13COOH-enriched PAA led to a sufficiently
large increase in the signal from the carboxylic acid/ester
groups (Figure S-3, Supporting Information), which could be
easily quantified. Thereby, the remaining NMR signals served
as a convenient internal standard. By this method (see
Supporting Information for details) we determined a PAA
surface concentration of 36 ± 4 μmol/g (P09), which is in
excellent agreement with 40 ± 4 μmol/g from conductometry.
This agreement mutually confirmed the precision and trueness
of both methods and unequivocally demonstrated that the
surface COOH groups of polymer particles with both very low
and very high amounts of grafted PAA can be completely
deprotonated. Since the time to reach the protonation/
deprotonation equilibrium is expected to be dependent on
specific parameters of the system under study, e.g., thickness
and morphology of the surface layer, it can be concluded that a
systematic variation is also very unlikely for particles containing
intermediate amounts of surface COOH groups.

Colorimetric Assays. Colorimetric assays present a faster
and more sensitive alternative to conductometric titrations. For
example, adsorption/desorption-based dye assays have been
developed in which a dye of complementary charge is adsorbed
onto a particle surface.28−33 After extensive washing, the dye is
desorbed from the particle surface and the dye concentration of
the colored desorption solution is determined by absorption or
fluorescence spectroscopy to afford a measure for the number
of surface functional groups. The most popular adsorption/
desorption-based dye assay for quantification of surface COOH
groups is based on toluidine blue O (TB),28−31 which
prompted us to include the TB assay in this work. We
followed the classical method previously reported by Sano et
al.27,31 and found a linear correlation (R > 0.93, 22 samples)
between the number of COOH groups determined by the TB
assay and by conductometry. However, by assuming a one-to-
one binding stoichiometry between TB and surface COOH
groups as originally proposed,30−32 markedly lower amounts of
surface COOH groups would result. Linear fitting rather
suggested that 3.4 ± 0.2 COOH groups bind one TB molecule.
By using this stoichiometry factor, Figure 1a was obtained, and
the respective values, which compare relatively well with the
results from conductometry, are included in Table S-1,
Supporting Information.
As a potential alternative to the TB assay, we recently

introduced a method which exploits that Ni2+ is efficiently
bound by PAA-modified polymer particles, allowing extraction
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of Ni2+ in a single centrifugation step.26 Remaining Ni2+ in the
supernatant is subsequently quantified by the transition metal
ion indicator pyrocatechol violet (PV).48 A linear correlation
between the amount of extracted Ni2+ and the number of
surface COOH groups indicated that 2.65 ± 0.03 COOH
groups are required to extract one Ni2+ ion. Herein, additional
surface group quantifications are included and backed up by the
previously communicated results to expand our data set (see
Table S-1, Supporting Information). The excellent reproduci-
bility of the Ni2+/PV assay was as well maintained as the linear
relationship with the results from conductometry (Figure 1b).
Fluorophore Labeling. Although attractive owing to its

extremely high sensitivity, fluorophore labeling has rarely been
applied to a rigorous quantitative analysis of surface functional
groups on particles41 but was more restricted to planar
substrates.33,40,42,49−51 The materials properties of our particles
precluded the use of organic solvent during fluorophore
labeling, which would lead to particle swelling and nonselective
incorporation of fluorescent dyes or at worst dissolution of the
particle. Since reactive fluorophores for COOH group labeling
in water are principally nonexistent, we used 1-ethyl-3-(3-
dimethylaminopropyl) carbodiimide (EDC) for activation of
the surface COOH groups.52,53 As fluorescent dye, we selected
a 1,6-diaminohexane derivative of fluorescein-5-isothiocyanate
(FL-A), which was synthesized by a slightly modified literature
procedure (see Supporting Information).54

During our initial efforts to develop a labeling protocol we
noted that different particle preparations had similar
fluorescence intensities despite a clearly different color

intensity. This was attributed to self-quenching of spatially
adjacent fluorophores at high local dye concentrations on the
particle surface. Furthermore, a stronger tendency for particle
aggregation was observed after FL-A labeling, presumably
owing to the high concentration of large hydrophobic aromatic
groups on the particle surface. To bypass these problems we
devised a surface dilution strategy in which mixtures of FL-A
(0−30 mol %) and H2N−CH2(OCH2)3−CO2tBu were used
during the coupling reaction. Therein, H2N−CH2(OCH2)3−
CO2tBu spatially separates FL-A molecules from each other on
the surface and thus minimizes the probability of self-
quenching. Additionally, the tert-butyl ester group from
H2N−CH2(OCH2)3−CO2tBu can be subsequently removed
by incubation with an acid, which restores a negatively charged
surface and reduces the propensity for particle aggregation.
Successful implementation of this strategy was confirmed by

confocal laser scanning microscopy (CLSM) and fluorescence
spectroscopy (Figure 2). CLSM images immediately revealed

that a higher mol % of FL-A during particle labeling leads to
higher fluorescence intensities but also to an increased
propensity for formation of particle aggregates (Figure 2a and
2b). Importantly, control experiments in which EDC was
omitted gave nonfluorescent particles, which indicated covalent
tethering of FL-A to the particle and excluded the possibility of
nonspecific surface adsorption. The dependence of the
fluorescence intensity on the mol % of FL-A was investigated
in more detail by measuring fluorescence spectra of particles
with varying mol % of FL-A (Figure 2c) at constant particle
concentrations. For almost all labeled particles (see Supporting

Figure 1. Correlations between the number of surface carboxy groups
on PMMA micro- and nanoparticles (diameter = 0.1−11 μm)
determined by conductometry and (a) TB assay and (b) Ni2+/PV
assay. Error bars indicate the standard deviation (n ≥ 3).
Stoichiometry factors of 3.4 and 2.65 for the TB and Ni2+/PV assay
were applied to account for the different numbers of COOH groups
per TB or Ni2+. Accordingly, the results should coincide with an ideal
one-to-one correlation (solid lines). (Inset) Whole range of particles
investigated (10−7000 μmol/g surface PAA).

Figure 2. Fluorescence microscopic (top) and spectroscopic (bottom)
analysis of PMMA particles P01 after labeling with a mixture of FL-A
and H2N−CH2(OCH2)3−CO2tBu. CLSM images (λexc = 488 nm, λem
= 500−600 nm) with (a) 2% FL-A and (b) 30% FL-A indicate the
reduced propensity for particle aggregation with reduced mol % FL-A.
(c) Steady-state fluorescence spectra (λexc = 475 nm, 0.74 mg/mL
P01) with increasing percentage of FL-A (0, 2, 4, 6, 8, and 10 mol %)
in 0.1 M borate buffer, pH 9.0. (Inset) Plot of the fluorescence
intensity (λobs = 517 nm) normalized to the maximum fluorescence
(F/Fmax) versus mol % of FL-A. Broken line was obtained by linear
regression (R > 0.99) of the initial part (0−10% FL-A).
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Information) the fluorescence intensity initially increased
linearly and showed downward curvature at higher mol %,
demonstrating that fluorescence self-quenching of spatially
adjacent fluorophores can be successfully suppressed at low FL-
A mol %. These results were also confirmed for selected
particles by measuring fluorescence spectra with our CLSM
setup (see Figure S-7, Supporting Information).
Presuming a similar reactivity of FL-A and H2N−

CH2(OCH2)3−CO2tBu and low absorbances, the total
concentration of derivatized functional groups sp can be
calculated according to eq 1 (see Supporting Information)

ε
ε

=
Φ

Φ
s

m

m w

100
p

p f f

f p p p (1)

in which mf is the slope of a calibration curve (measured with
5(6)-carboxyfluorescein (CF)), mp the slope of the initial linear
fluorescence increase in the FL-A mol % plot, Φf the quantum
yield of CF, εf the molar absorption coefficient of CF at the
excitation wavelength, Φp the (average) quantum yield of FL-A
on the particle surface in the absence of quenching, εp the
molar absorption coefficient of FL-A on the particle surface at
the excitation wavelength, and wp the mass concentration of
particles. However, application of eq 1 will additionally require
knowledge of the ratio of εf/εp and Φf/Φp.
To account for potentially different εf and εp, absorption

spectra of CF, FL-A in solution and FL-A on particles were
measured, corrected by a simple fit for the contributions of
particle scattering, and normalized to equal areas under the
π−π* absorption band around 490 nm (Figure 3).55−60 These

spectra showed a broadening and splitting of the absorption
band into two bands at higher and lower energy with increasing
mol % of FL-A, indicating formation of nonfluorescent H-type
dimers,61 which is consistent with the implications made above
from fluorescence measurements. More important, these
spectra revealed an intersection at ca. 475 nm, which indicates
that εf/εp can be approximated as 1, when this wavelength is
selected for excitation (see Supporting Information for details).
In contrast, fluorescence of xanthene dyes such as

fluoresceins is much more sensitive to environmental effects
than absorption. Although the position and shape of the
fluorescence bands of CF and FL-A (regardless of its mol %)

on the particles are essentially the same (see Figure 3), this
does not imply identical fluorescence quantum yields of FL-A
on the particle surface and in solution. Consequently, absolute
fluorescence quantum yields of CF, FL-A, and the labeled
particles were determined in 0.1 M borate buffer pH 9.0 with a
calibrated integrating sphere spectrometer.44−46 Note that
fluorescence quantum yields of fluorescent particles were
until recently46,62,63 not determined absolutely but only
relatively64 or as powders in dried form.65−67 Most importantly,
this essential fluorometric key parameter has so far not been
considered in fluorometric surface group quantifications. With
this method, a quantum yield of 0.86 ± 0.02 was obtained for
CF, which is a commercially available mixture of the 5- and 6-
isomer. This value is in excellent agreement with literature
values of 0.834 and 0.915 for the 5- and 6-isomer,
respectively.68 As expected, the fluorescence quantum yield of
FL-A on the particle surface decreased with increasing mol %
FL-A owing to an increased probability of nonfluorescent dimer
formation (see Figure S-8, Supporting Information). To
ascertain the theoretical quantum yield in the absence of self-
quenching effects, an extrapolation to 0% FL-A was performed
and the results are summarized in Table 1. Surprisingly, we
found that the quantum yield on particles is not only different
from the solution value (0.57 ± 0.02) but also varies markedly
from 0.14 to 0.41 depending on the total number of surface
COOH groups. In our case, this would lead to an under-
estimate of the number of surface functional groups in the
range of ca. 25−70%, even when self-quenching effects are
thoroughly excluded. This should be accounted for even though
the fluorophore approach itself is very reproducible (variation
coefficient of 5%, six replicates). Nonetheless, when determin-
ing the number of accessible surface functional groups
according to eq 1 we found a fair linear correlation with the
total number of functional groups (R > 0.93, see Figure 4). On
average, the coupling yield was around 3.8 ± 1.7% of the total
number of functional groups (see Table 1), which is in
reasonable agreement with results from the CB7 assay.34

Supramolecular CB7 Assay. As an elegant alternative to
fluorophore labeling, we recently introduced a supramolecular
method to determine the number of accessible surface
functional groups.34 In brief, the CB7 assay works such that
the polymer particles are functionalized with N-(adamantane
methyl)-butane-1,4-diamine after activation by EDC. The
highly specific and very strong binding of adamantane
methylamines to the macrocyclic supramolecular host molecule
CB7 (Ka > 1014 M−1) has been recently established34,69,70 and
serves here to capture CB7 from solution to the particle surface.
Centrifugation separates particle-bound CB7 from remaining
CB7 in solution. The latter is subsequently quantified by
addition of the fluorescent dye acridine orange,71−73 and the
difference between added and remaining CB7 affords the
amount of CB7 bound to the surface. This is reminiscent of the
Ni2+/PV assay, because the spectroscopic measurement is
performed in the absence of particles and thus in homogeneous
solution. The results of the CB7 assay are summarized in Table
1. On average, 5.2 ± 1.5% of all surface functional groups are
accessible by the CB7 assay, which is consistent with the results
from fluorophore labeling. The standard deviation is slightly
lower, and the correlation between the total number of
functional groups and the accessible number of functional
groups as determined by the CB7 is much better (R > 0.99, see
Figure 5). Moreover, the excellent reproducibility of the CB7
assay is reflected in a variation coefficient of 6% (six replicates).

Figure 3. Absorption spectra (blue) of CF (solid line), 6% FL-A
(dotted line) and 20% FL-A (dashed line) on P21, and fluorescence
spectra (λexc = 475 nm) of CF (solid black line) and 2−30%
(background-subtracted, normalized and averaged) FL-A on P21
(dashed red line) in 0.1 M borate buffer, pH 9.0. The absorption
spectra were normalized to equal areas under the absorption band.
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Biolabeling. As a pertinent example for conjugating an
application-relevant molecule to the particle surface we selected
streptavidin, which is a well-defined and frequently used model
system for biomolecule conjugation.18,41,74,75 Furthermore, the
specific and high-affinity binding of biotin by streptavidin allows
a convenient, noncovalent, and reversible functionalization of
streptavidin-coated particles, which is directly relevant for
numerous applications. Conjugation of streptavidin was carried
out according to standard procedures by activating the COOH

groups with EDC, converting them into the N-hydroxysucci-
nimide (NHS) ester, and transferring the activated particles
into the conjugation buffer with streptavidin.52,53 This two-step
procedure prevents potential activation of acidic residues of
streptavidin by EDC and cross-linking by amide formation with
basic residues of another streptavidin protein.52 Subsequently,
surface-bound streptavidin was quantified by the bicinchoninic
acid assay (BCA assay).76

The correlation between surface-bound streptavidin and the
conductometrically determined total concentration of surface
COOH groups is shown in Figure 6. Similar to the results from

fluorophore labeling and the CB7 assay, an approximately linear
relationship between surface-bound streptavidin and the
number of surface functional groups was found, which,
however, reached a plateau region at ca. 1 μg/mg particles.
This refers to a surface density of 4 pmol/cm2 streptavidin,
which matches the value expected for a streptavidin
monolayer.77 This striking difference in the maximally
achievable labeling density between a protein and a small
molecule (FL-A/CB7) allows properties of the surface polymer
morphology to be inferred (see Discussion).

Table 1. Determination of Accessible Functional Groups by Fluorophore Labeling and a CB7-Based Supramolecular Receptor-
Ligand Binding Assay

conductometrya fluorophore labelingb CB7 assayc

particle batch diameter (μm) s (μmol/g) Φp μmol/g yield (%) nmol/cm2 μmol/g yield (%) nmol/cm2

P08 0.1 183d 0.29 ± 0.02 3.5 1.9 0.015 8.1 4.4 0.028
P09 0.11 40 0.24 ± 0.03 0.48 1.2 0.0034 3.1 7.8 0.014
P10 6 21 0.14 ± 0.02 0.86 4.0 0.16 1.4 6.7 0.33
P11 6 35 0.32 ± 0.03 1.1 3.2 0.36 1.9 5.4 0.46
P12 6 61 0.19 ± 0.02 3.2 5.3 0.82 4.9 8.0 1.2
P13 6 84 0.33 ± 0.02 2.2 2.6 0.61 3.1 3.7 0.74
P14 6 99 0.32 ± 0.04 3.8 3.9 1.0 4.6 4.6 1.1
P15 6 155 0.24 ± 0.03 6.7 4.3 1.9 8.3 5.4 2.0
P16 6 170 0.30 ± 0.03 8.0 4.8 1.8 7.6 4.5 1.8
P17 6 213 0.24 ± 0.03 8.7 4.1 2.4 9.7 4.6 2.3
P18 6 240 0.29 ± 0.01 10 4.3 2.7 9.6 4.0 2.3
P19 6 261 0.26 ± 0.01 19 7.2 4.2 11 4.2 2.6
P20 6 267 0.31 ± 0.02 8.0 3.0 2.3 12 4.5 2.9
P21 6 946 0.41 ± 0.02 21 2.2 5.4 77 7.7 18
P22 6 7000 0.36 ± 0.03 9.2e 0.13e 2.3e 230 3.3 55

aError 9%. bError 5%, determined for P15 (six replicates). cError 6%, values taken from ref 34 except for P08−P10, P12, P15, and P17. dAs given by
supplier, polystyrene core. eDerivatization not complete (see Supporting Information).

Figure 4. Correlation between the total number of surface functional
groups determined by conductometry and the number of accessible
functional groups by fluorophore labeling with FL-A.

Figure 5. Correlation between the total number of surface functional
groups determined by conductometry and the number of accessible
functional groups by the CB7 assay.

Figure 6. Correlation between the amount of protein (μg/mg)
conjugated to the particle surface and the total number of surface
COOH groups determined by conductometry. Broken line was
obtained by tentatively fitting the data to an exponential function and
is included to guide the eye.
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■ DISCUSSION
Reproducibility, Sensitivity, and Performance. On the

basis of the combined results presented herein we now
compare and discuss the methods with respect to reproduci-
bility, sensitivity, and ease of use according to our hands-on
experience. An overview of the sensitivity and reproducibility is
given in Table 2, and details on how the sensitivity was assessed

can be found in the Supporting Information. Conductometry
and solid-state NMR are both fairly reproducible, but both
methods require relatively large amounts of material owing to
their rather limited sensitivity (see Table 2). Furthermore, both
methods are overall tedious and time consuming. For example,
sensitive conductometric titrations require deionized and
decarbonated water (<10−6 μS/cm) as well as standard
solutions with known titer, and quantitative solid-state 13C
NMR requires optimized relaxation times between individual
pulses and sophisticated instrumentation not available to the
common laboratory. Furthermore, for low amounts of surface
functional groups this method is unsuitable as it requires
grafting of an isotope-enriched surface layer. Hence, this
approach is rather suited as a reference method for validation of
more simple methods as used herein than as a generally
applicable routine measurement.
To overcome the limited sensitivity of conductometry and

NMR, colorimetric dye assays have been introduced, among
which the widely used TB assay,27−31 and the recently reported
Ni2+/PV assay were included in this study. As expected, both
colorimetric assays are ca. 20−60 times more sensitive than
conductometric titrations (Table 2). The TB assay is
theoretically slightly more sensitive, but it suffers from its
poor reproducibility and laborious protocol. The reproduci-
bility can be improved by including a final particle drying and
weighing step to account for partial material losses during
excessive washing cycles of the strongly colored TB solution.
This reduced the variation coefficient to an acceptable 14%, but
this precision is still inferior compared to all other methods
investigated herein. Furthermore, it sacrifices sensitivity because
a sufficient amount of particles (ca. 5 mg) is required for the
ultimate weighing step. In contrast, the Ni2+/PV assay allows
measuring the supernatant after a single centrifugation step.
This dramatically facilitates sample preparation, because it
addresses the need for repeated washing cycles and eliminates
the possibility of material losses, which is reflected in a variation
coefficient of 5%.
Overall, each method for determining the total number of

surface COOH groups has its particular application area. The

main advantage of conductometric titrations is the well-defined
stoichiometry with one equivalent of base or acid referring to
one COOH group if completely equilibrated. Such a general
transferability of binding stoichiometries among different
particles is not necessarily the case for colorimetric assays.26,78

In fact, a general one-to-one binding stoichiometry has long
been assumed for the TB assay,30−32 but comparison with other
established methods were only attempted in a few exceptional
cases. Surprisingly, many of these case studies revealed
inconsistencies, which were mainly interpreted as a conse-
quence of surface polymer morphology (vide infra) instead of a
discrepancy in binding stoichiometry,28,29 as proposed herein
for the first time. In direct comparison, the Ni2+/PV assay is
faster and more user friendly, which renders it particularly
useful for rapid determination of surface concentrations of
COOH groups, either for qualitative purposes or, when
calibrated, for routine measurements as, for example, in quality
control during particle synthesis.
With regard to determining the number of accessible surface

functional groups we conclude that fluorophore labeling is a
practically unsuitable method for routine and accurate
quantif ications. This is a surprising and important result because
of the apparently ubiquitous use of fluorophore labeling to
determine surface groups and use of fluorophore-labeled
b iomo l e cu l e s to a s s e s s the i r con juga t i on effi -
ciency.33,36,40−42,49,50,79 The so far reported studies disregarded
the main difficulty of relating the measured fluorescence
intensity to an absolute concentration of surface-bound
fluorophores by completely neglecting the potential alteration
of the molar absorption coefficient and, in particular, of the
fluorescence quantum yield. As such, the measured fluorescence
intensity was related to the independently determined total
number of surface groups and served only as a measure for the
total number of surface groups, but did not report on the
number of accessible surface functional groups. Although
fluorescence quenching at high surface concentrations has
frequently been considered (and could be routinely avoided by
the surface dilution method proposed herein),33,42,43,49,50,80,81

our results indicate that, even in the absence of fluorophore−
fluorophore interactions, an uncertainty about the fluorescence
quantum yield by up to a factor of 3 will remain. This
shortcoming also extends to particle-based applications in
bioassays and medical diagnosis, in which relative fluorescence
intensities expressed as molecules of equivalent soluble
fluorophores (MESF) values are compared rather than absolute
concentrations of fluorophores in different media.67,82−84 Since
MESF values are also used for determining binding kinetics and
dissociation constants of ligand−receptor interactions, errors
introduced by neglecting an altered fluorescence quantum yield
will be carried over to fundamental biochemical parameters.84

For quantification of functional groups on self-assembled
monolayers on planar substrates, Borguet and co-workers
proposed an interesting approach in which they calibrated the
fluorophore concentration by evaporating a drop of a standard
solution with known concentration in the area illuminated by
the excitation light source.50 This may, however, become more
involved for thicker and less ordered surface structures because
physical properties such as solvation and micropolarity can vary
markedly within a few nanometers at interfaces,85 and this
approach is clearly not suited for particles.
Therefore, the CB7 assay represents an attractive alternative

because the fluorescence detection step is performed in
homogeneous solution after removal of particles by centrifu-

Table 2. Sensitivity and Precision of Different Methods

method sensitivitya (nmol) precisionb

conductometry 1000 9%
13C NMR ∼105 ca. 10%

TB assay 15c 14%
Ni2+/PV assay 50 5%
fluorophore labeling 50c 5%
CB7 assay 20c 6%

aSee Supporting Information for details on how the sensitivity was
approximately assessed. bExpressed as coefficient of variation (see
Supporting Information for details on NMR, n ≥ 3 for conductometry,
n ≥ 6 other methods). cSignificantly larger amounts may be required
to avoid problems related to handling small amounts of particles (<5
mg).

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja302649g | J. Am. Chem. Soc. 2012, 134, 8268−82768273



gation. This completely eliminates uncertainties related to a
heterogeneous microenvironment, which is reflected in
consistent results between the CB7 assay and the thoroughly
calibrated fluorophore labeling approach. The CB7 assay also
allows surface group quantifications for fluorescently encoded
particles in which spectral cross-talk between fluorophores may
be otherwise obstructive. Furthermore, the CB7 assay is
excellently reproducible as reflected in a variation coefficient
of 6%, the correlation with the number of total functional
groups is even better (R > 0.99), and the CB7 assay requires
significantly less effort, because only one modified particle is
prepared instead of a series of particles with varying degrees of
fluorophores, which each require additional incubation steps for
protecting group removal. Moreover, covalent surface function-
alization commonly requires a large excess of reactant, in
particular, for COOH labeling,52 such that the difference
between reactant concentration in the supernatant before and
after reaction is commonly too small to be quantified in a
reliable manner.18,26,27,33,34,86−88 In contrast, noncovalent,
supramolecular complex formation between adamantylmethyl-
amines and CB7 is reversible, quantitative, and immediate at
low concentrations, such that we propose adamantylmethyl-
amines as convenient and easy to introduce quantification tags,
which complement fluorescence tags in quantifying, for
example, DNA or peptides on solid supports. There is also
no obvious reason why the CB7 assay should not be applicable
to planar substrates, which could be dipped into a CB7
containing solution.
Accessible Functional Groups and Surface Morphol-

ogy. The differentiation between the total and the accessible
number of surface functional groups is generally made
according to the quantification method involved, i.e., surface
functional groups are considered as accessible when they can be
chemically derivatized with a detection label. However, a direct
comparison between total and accessible functional groups has
rarely been attempted.35 In particular, how the fraction of
accessible groups varies depending on the total number of
functional groups has barely been scrutinized. Previous reports
noted a different chemical reactivity of surface groups
compared to functional groups in homogeneous solution,
which has been attributed to several factors such as steric
crowding owing to the constrained environment, different
solvation and micropolarity, or an altered local concentration of
dissolved reagents due to preferable partitioning or limited
diffusion into the surface layer.89−91 Because all these
physicochemical properties gradually change at an interface85

and are thus dependent on the thickness of the surface layer, we
expected that the fraction of accessible groups would vary with
the total number of surface functional groups. However, the
linear correlations between the total number of surface
functional groups and the results from the fluorophore labeling
approach, the CB7 assay, the TB assay, and the Ni2+/PV assay
clearly demonstrate that this is not the case. Accordingly, the
grafted PAA presumably does not constitute a densely packed
polymer shell into which diffusion of molecules smaller than
CB7 would become gradually more hindered but should be
rather considered as an open, porous network in which polymer
chains can be addressed at their full length. In contrast, the
results from biolabeling showed saturation behavior at
monolayer densities, which indicates that streptavidin is too
large to diffuse into this network, such that we tentatively
ascribe a pore diameter that lies between the size of CB7 (ca.

1.6 nm outer diameter)92 and streptavidin (ca. 6.5 nm
diameter).77

On the basis of this simplified working model, the
contributing factors that lead to the different ratios of total
functional groups to bound probe molecules (termed
stoichiometry factor n herein) can be dissected. This ratio
ranges from n = 2.65 for Ni2+ binding to n ≈ 20 for the CB7
assay.26 For the TB assay, deviations from the stipulated one-to-
one stoichiometry have been previously interpreted in terms of
a dense polymer network in which TB cannot diffuse to buried
COOH groups but only binds to the uppermost surface layer in
a quantitative manner.28−32 However, the clearly linear
correlation between the TB assay and the conductometry
values well beyond surface COOH monolayer densities
suggests that diffusion of TB into the polymer network is not
limited, such that the stoichiometry factor of n = 3.4 reflects the
steric constraints on a single polymer chain (i.e., the larger size
of TB compared to a COOH group) rather than a high density
of polymer chains on the particle surface. The lower
stoichiometry factor of n = 2.65 for the much smaller Ni2+

dication is also in line with this interpretation. The difference
between the similarly sized FL-A and TB (the coupling yield of
ca. 5% for FL-A refers to a stoichiometry factor of n ≈ 20) can,
however, not be rationalized by steric constraints alone and
points to the intrinsic yield of the labeling reaction as an
additional factor. For example, model studies on homoge-
neously dispersed PAA hydrogels suggested intermediate
anhydride formation between adjacent COOH groups in
EDC-activated coupling reactions, and just this factor alone
would already limit the maximally achievable reaction yield to
50%.53 As such, the achievable coupling yields should be
explicitly considered in surface functional quantifications
relying on covalent labeling. Furthermore, the fact that the
larger CB7 affords a very similar stoichiometry factor suggests
that the intrinsic reaction yield may even be the dominant
factor in the case of covalent surface modification.
Finally, the results reported herein are directly practically

relevant for determining the stoichiometry of a labeling reaction
and thus assessing the amount of label required. Our results
indicate that substoichiometric amounts (ca. 0.2 equiv with
regard to the total number of surface COOH groups) of N-
(adamantane methyl)-butane-1,4-diamine and FL-A/H2N−
CH2(OCH2)3−CO2tBu are sufficient to afford the maximally
achievable coupling yield, which contrasts with standard
coupling protocols recommending a 1- to 10-fold molar
excess.52 Therefore, a quick determination of the maximally
achievable coupling yield by, e.g., the CB7 assay would allow
large amounts of precious material to be saved in particle
labeling reactions.

■ CONCLUSION
We presented one of the most comprehensive comparisons of
simple and readily available methods for quantification of
surface functional groups. Reference values were obtained by
well-established conductometric titrations and additionally
validated by an innovative solid-state 13C NMR approach.
These values were compared to results from two colorimetric
assays (TB and Ni2+/PV assay), fluorophore labeling, and an
assay based on supramolecular host−guest interactions (CB7
assay). Scrutiny of the fluorophore labeling approach revealed
several shortcomings of this popular but frequently indiscrim-
inately applied method. In particular, alterations of the
fluorescence quantum yields should be thoroughly considered
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in fluorescence-based medical diagnosis and bioassays.67,82−84 It
is quite likely that this unexpected behavior for fluorescein will
also apply to other types of fluorescent dyes, such that potential
changes in the fluorescence quantum yield must be explicitly
considered for fluorometric quantifications. As an attractive
alternative, the supramolecular CB7 assay has been established
further, and adamantylmethylamines are proposed as conven-
ient quantification tags. From the combined results, a porous
and accessible surface polymer morphology was inferred, which
allowed dissecting different contributions to the number of
probe molecules that can be bound to the surface polymer. This
also suggested that the proposed reasons leading to deviations
from the postulated one-to-one binding stoichiometry of the
TB assay do not hold true for the particles investigated herein.
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